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Abstract: Currently, the energy required to produce biofuel from algae is 1.38 times the energy
available from the fuel. Current methods do not deliver scalable, commercially viable cell wall
disruption, which creates a bottleneck on downstream processing. This is primarily due to the
methods depositing energy within the water as opposed to within the algae. This study investigates
ultraviolet B (UVB) as a disruption method for the green algae Chlamydomonas reinhardtii, Dunaliella
salina and Micractinium inermum to enhance solvent lipid extraction. After 232 seconds of UVB
exposure at 1.5 W/cm2, cultures of C. reinhardtii (culture density 0.7 mg/mL) showed 90% disruption,
measured using cell counting, correlating to an energy consumption of 5.6 MJ/L algae. Small-scale
laboratory tests on C. reinhardtii showed bead beating achieving 45.3 mg/L fatty acid methyl esters
(FAME) and UV irradiation achieving 79.9 mg/L (lipids solvent extracted and converted to FAME
for measurement). The algaM. inermum required a larger dosage of UVB due to its thicker cell wall,
achieving a FAME yield of 226 mg/L, compared with 208 mg/L for bead beating. This indicates that
UV disruption had a higher efficiency when used for solvent lipid extraction. This study serves as
a proof of concept for UV irradiation as a method for algal cell disruption.
Keywords: microalgae; cell disruption; ultraviolet light; biodiesel; Chlamydomonas reinhardtii;
Dunaliella salina;Micractinium inermum
1. Introduction
Algal biofuels are the subject of large investment and a great deal of interest due to the promise
of renewable, affordable, sustainable energy. Thus far, no company has achieved the full commercial
potential that microalgae promise as a fuel source. Current processes to produce conventionally usable
fuel from algae require numerous conversion steps. In particular, production of biodiesel from algae is
severely limited due to the energy associated with cell disruption and lipid extraction. These processes
can account for up to 26.2% [1] and 52% [2] of the energy input, respectively. The consequence is
that the energy derived from the fuel is less than the external energy input required to process the
algae [3]. Optimisation of algal cell disruption is thus an important step in the processing of algae
for biochemical extraction, especially in biofuel applications [4]. Whilst various methods achieve cell
disruption, they scale poorly on an industrial level. A low cost, scalable method for disruption is
still sought. Such a technique would need to be low-energy, low-cost, continuously operable and,
importantly, maintain the quality of the desired compounds extracted.
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Conventional disruption techniques used to lyse algal cells ready for processing, such as
homogenisation, microwave, sonication and bead milling, have a high associated energy cost and
remain relatively expensive [5,6]. Techniques that disrupt algal cells must rupture the rigid cell wall in
order to extract the commercially interesting compounds such as lipids and proteins. Additionally,
these traditional techniques do not have the same disruption efficiencies on all species. Algae such as
Chlorella vulgaris possess a thick cell wall which is highly resistive to mechanical stress, and as such,
bead beating is less effective [7].
Lee et al. [8] compared five different methods, (including autoclaving, bead-beating, microwaves,
sonication and a 10% NaCl solution) for cell disruption and concluded microwaves were the most
effective method as this led to the largest lipid content extraction (44 mg/L). Unfortunately, the energy
consumed amounted to 420 MJ per kilogram of dry algal mass which is a factor of over 4 times that
of homogenisation [5]. This technique also proves difficult to optimise as the microwave energy is
wasted on heating the extracellular water in the culture medium. Lee et al. [5] also compared bead
milling, a simple technique for cell disruption. Beads are added to a culture, which is then vigorously
shaken causing collisions between cells and beads; the beads erode the cell surface and cause lysis.
This is slightly less effective than microwaves at cell disruption and higher in energy consumption at
504 MJ per kilogram of algal dry mass [5].
Many cell disruption methods deposit energy in the water rather than within the algae and are
thus difficult to scale commercially. Bead beating is limited by losses due to viscous heating; microwave,
sonication and other physico–thermal methods are limited by heating the water. Thus, this research
explores the development of a low energy method to disrupt algal cells using ultraviolet (UV) light.
The short wavelength, high energy photons of ultraviolet B (UVB) and ultraviolet C (UVC) can
lead to significant cell damage and are the most damaging wavelengths of UV light [9,10]. Ultraviolet
A (UVA) is less effective, causing indirect damage to cells through the production of reactive oxygen
species that may damage DNA, proteins and lipids [10]. UVB and UVC cause direct DNA damage
through absorption of photons by DNA bases, resulting in chemical quenching and the formation of
pyrimidine dimers in the sequence [11].
Few if any studies, to our knowledge, have looked at the effect of high intensity UV radiation for
cell lysis, especially for the extraction of chemicals. Moharikar et al. [12] did study the effectiveness
of UVC to induce apoptotic or necrotic pathways, but not from a biotechnological viewpoint.
They conclude that UVC causes apoptotic and necrotic pathways in C. reinhardtii following sufficient
exposure to UVC. Furthermore, although high doses of UV light lead to cell lysis, its use as a method
of cell disruption in algae for lipid extraction has not received significant interest.
1.1. Cellular Signalling after Ultraviolet Irradiation
UV light induced cell lysis is due to the absorption of UV radiation by DNA, RNA, protein and
lipids which can lead to structural damage and signalling/metabolic disorder [9]. DNA replication
may be defective following UV exposure if the correct repair does not take place and may lead to
mistakes in transcription and translation which result in protein synthesis with incorrect sequencing
and misfolds [11]. DNA damage can be repaired after initial exposure; photorepair will occur if
the algae are placed back into natural light, through the enzyme cyclobutane pyrimidine dimer
photolyase [11]. In the work presented here, algae were stored in the dark following irradiation in
order to reduce photorepair and maximise disruption. At low UV doses this repair mechanism can
prevent lysis [11]. Additionally, other DNA repair methods such as excision repair and recombination
repair are possible but cannot be prevented by dark storage [9]. At industrial scale, a sufficiently
high dosage would avoid any repair that cells could undergo as they would be irreparably damaged.
For instance, at 300 s at 9 (UVA) and 1.5 (UVB) W/cm2 irradiation, cell counts before dark storage
(data not presented) indicated approximately the same number of non-viable cells counted 24 h later.
The cellular signalling cascade that leads to cell death following UVB exposure is complex
and has not been fully investigated in algae. UVB radiation causes the formation of pyrimidine
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dimers in DNA which often lead to mutation of a cell’s genome. In mammalian cells, and shown
here in algal cells, if sufficient mutations occur the cell may lyse through necrosis or apoptosis
(see Figure 1); two pathways that operate differently but ultimately lead to cell death [13]. It has
been previously shown that algae have a similar process [14]. Under intense trauma, the cell
undergoes necrosis, the uncontrolled release of intracellular components. Cells which undergo this
premature death rupture, and this is usually caused by mutations in genes which regulate key cellular
processes. In contrast, apoptosis involves the regulated release of intracellular components and
DNA fragmentation. It is often called programmed cell death due to its highly regulated nature and
is activated if sufficient DNA mutations occur in particular genes. During apoptosis cells “pack”
intracellular components into apoptotic bodies which are then released into the culture medium;
some of which have high lipid content and can be referred to as lipid bodies.

Figure 1. UV induced necrosis and apoptosis of C. reinhardtii cells visualised using Olympus BX50
microscope, 50× objective. Control image of no irradiation of a normal cell. UVB intensity at 1.5W/cm2
for 300 s (equivalent to 450 J/cm2 UVB) for both necrosis and apoptosis. A 3 mL sample of C. reinhardtii
in a quartz cuvette was exposed to 300 s of irradiation at 9 W/cm2 UVA (320–395 nm) and 1.5 W/cm2
UVB (280–320 nm) at a path length of 3 cm using a BlueWave 75 UV Curing Spot Lamp.
In this work, the structural markers of apoptosis, necrosis and lipid bodies can be visualised
using light microscopy and were present during cell counting experiments (see Figure 1). Mutations
arising from UV radiation can elicit both necrotic and apoptotic pathways due to the random nature
of base mutation. Importantly, the mechanism of cell death initiated by UV radiation should work
consistently with any species of algae, as it attacks an organism’s DNA. There will be varying degrees
of effectiveness due to different cellular characteristics and some species may have developed more
complex defences to UV. However, given a sufficiently high UV dose these defences can be overcome.
1.2. Ultraviolet Light Compared to Conventional Disruption
Ultraviolet light as a method for algal cell disruption is a non-mechanical technique which differs
from most conventional methods. There are other disruption techniques that utilise non-mechanical
means such as chemicals, enzymes or microwaves but ultraviolet light is particularly effective because
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it targets DNA specifically, effectively shutting off an organism’s ability to function [13]. Additionally,
water is highly transparent to UVB and hence no energy is wasted in treating the water; only the algae
are affected [15].
This technology is readily scalable as UV sterilisation for water treatment is commonly employed
on a commercial scale, with 8000 municipal systems currently operational; the largest of which is
situated in the USA, sterilising 2.24 billion gallons per day [16].
Irradiating a non-dewatered culture of algae for disruption could be as simple as running a culture
past a large UV source. This could be optimised by controlling the flow rate and maximising surface
area through the use of mirrored surfaces and large surface area plates. Another example of industrial
UV treatment of water is the bottled water industry which requires as little as 10 kWh per million
litres [17].
The use of ultraviolet light as a method of cell disruption on algal cells is explored here.
Three species with contrasting cell wall characteristics (C. reinhardtii, D. salina and M. inermum)
were irradiated with UV light at various durations to determine cell disruption efficiency via
light microscopy. D. salina lacks a cell wall, C. reinhardtii has a reasonably durable multi-layered
glycoprotein-based cell wall and M. inermum has a thick cell wall [18,19]. Lipid extraction using
solvents and transesterification on irradiated samples was also undertaken as a suitable measurement
method to translate product yields to cell disruption.
2. Results and Discussion
2.1. C. reinhardtii Irradiation
Following irradiation, morphological changes to C. reinhardtii cells were apparent and showed
that the majority of cells were no longer viable at the longer exposure durations. In particular, loss of
a well-defined cell wall at the boundary between the cell and extracellular media indicated cells were
not viable and damaged beyond repair. Often cells appeared as clusters of beads which is most likely
an indication of the formation of apoptotic bodies (Figure 1). Trypan blue was used as a stain, thereby
identifying cells with compromised walls, though sometimes cells were not stained but were no longer
viable due to fragmentation.
Viable and non-viable cell counts were not possible with the trypan blue stain as it did not always
bind to cells. Thus, an effort was made to only count cells as non-viable if it was unmistakable as not
to overestimate the efficacy of UV disruption. Additionally, most intact cells were swollen, indicating
a loss of osmotic control leading to an influx of surrounding media, perhaps due to cell wall damage
or even a critical mutation in the cells homeostatic regulatory genes.
Highly bleached cells indicative of a loss of chlorophyll were also present. Both swollen
and bleached cells were likely non-viable due to imminent cell lysis through accumulation of
damage beyond repair. However, it should be noted that in general, morphological changes were
distinct enough to rule out any concern over bias reporting; Figure 1 shows unstained cells with
distinct changes.
At higher exposure times of 150 s and more so at 300 s, a large amount of cell debris was present
which indicated many cells had broken apart completely. This is likely due to cells undergoing necrosis
or apoptosis, as can be seen in Figure 1.
C. reinhardtii cells were compared at different growth phases to determine if there was
a difference in UV cell disruption efficacy. Experiments with C. reinhardtii in stationary phase showed
an exponential decrease in cell viability as exposure time increases, as shown in Figure 2. Lysis of 50%
of the cells occurred at 71 s and 90% occurred after 232 s (equivalent to 348 J/cm2 UVB).
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Figure 2. Relative cell viability of C. reinhardtii at various exposure times to ultraviolet light in the
stationary and active growth phases. Stationary phase n = 1, log phase n = 3. Error bars represent the
range for log phase. Control at 0 s of irradiation. UVB intensity at 1.5 W/cm2. Carried out as described
in Materials and Methods. Culture densities approximately 0.7 mg/mL dry weight.
A log phase C. reinhardtii culture under UV irradiation had a severe decline in cell viability with
increasing exposure time. In this case, there was a prompt initial decline in cell viability as seen
in Figure 2. Here 50% of algae cells were non-viable after 34 s and 90% after 127 s (equivalent to
190.5 J/cm2 UVB).
The more severe decline of log phase cells compared to stationary phase may be due to increased
vulnerability of algal DNA during cellular fission, although this has not been investigated by the
scientific community thus far.
2.2. D. salina Irradiation
Viable and non-viable cells of D. salina were more distinguishable between one another than
C. reinhardtii cells. Once again clusters of apoptotic bodies, swollen cells and a loss of a well-defined
cell wall were visible, as seen in UV exposed C. reinhardtii. However, it was not possible to use trypan
blue as a stain as it became apparent it had low miscibility with the saline media and unfortunately
caused non-viable cells to aggregate.
The lack of a suitable stain proved insignificant as the cellular markers for viability were evident.
D. salina cells are typically bright green and resemble a tear drop. They also are highly motile,
and possess large flagella. These marked characteristics are easy to recognize and any changes due to
UV radiation were distinct. After exposure, cells were more spherical and at high exposures there was
a discernible reduction in motility, often rendering them non-motile. Increased cell debris was present
at high exposure times as in the case of C. reinhardtii, indicating many cells have been completely
destroyed and thus do not show up in cell counts.
D. salinawas irradiated in its stationary phase and Figure 3 shows the relationship between UV
exposure and cell viability. Viability was similar to that of C. reinhardtii, with D. salina appearing
marginally more susceptible to UV radiation.
Metabolites 2018, 8, 65 6 of 13

 
Figure 3. Relative cell viability ofD. salina at various exposure times to ultraviolet light in the stationary
phase. n = 3. Error bars represent the range. Control at 0 s of irradiation. UVB intensity at 1.5 W/cm2.
Carried out as in Materials and Methods. Culture densities approximately 0.7 mg/mL dry weight.
It was anticipated that D. salina would be far more susceptible to UV radiation than C. reinhardtii
due to the difference in cell wall chemistry. However, due to the mechanism of UV disruption, cell wall
characteristics may not affect its disruption efficacy. UV light does not need to interfere with the cell
wall to cause DNA damage (although it can damage cell wall lipids and proteins as well) which can
cause death through necrosis or apoptosis. This indicates that even thick cell walled genera such as
Chlorella could be candidates for algal biotechnology or biodiesel production using UV radiation as
a disruption method [18].
2.3. UV Radiation as a Disruption Method for Biodiesel Production
While the UV light source used in this experiment contains UVA and UVB, UVA wavelengths do
not cause direct DNA damage and hence have a much-reduced effect on cell disruption. As discussed
in the Introduction, UVB and UVC can lead to significant cell damage and are the most damaging
wavelengths of UV light. Therefore, this study highlights UVB light as the source for elicitingmicroalgal
cell lysis.
To this end, samples of C. reinhardtii were irradiated with UVB radiation (1.5 W/cm2), alongside
bead beaten samples as a control, before lipid extraction and transesterification to determine efficacy
of UV radiation as a disruption method for biodiesel production. A detailed explanation of the
experiment is within the methods section. Samples of C. reinhardtiiwere irradiated for 300 s or bead
beaten. The samples were then solvent extracted with methanol:chloroform mixture (1:2) before
heating at 80 ◦C for 90 min with 10% BF3/methanol. Following this the samples in hexane were
submitted for GC-FID based FAME analysis using a TR-FAME capillary column.
FAMEs produced from C. reinhardtii samples that underwent lipid extraction and
transesterification are shown in Figure 4, demonstrating that the new UVB radiation method was
more effective than bead beating, bead beating having 45.3 mg/L culture and UV irradiation having
79.9 mg/L culture (approximately 0.7 mg/mL algal culture density). Meaning an approximate FAME
yield of 7.7% and 11.3% for bead beating and UV irradiation, respectively. This indicates that ultraviolet
light is an effective method to disrupt algal cells for biodiesel production. The simplicity of using light
for disruption has great potential for scaling the technology to an industrial level. In fact, flowing
a culture past an ultraviolet bulb could be a simple continuous way to disrupt a culture.
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Figure 4. Comparison of biodiesel yield from disruption methods used on nitrate stressed C. reinhardtii.
Fatty acid methyl ester yields from both bead beating and ultraviolet light irradiation disruption is
shown. Yields represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2 for 300 s
(equivalent to 450 J/cm2 UVB). Irradiation and bead beating carried out as in Materials and Methods.
n = 2. Error bars represent the range. The legend indicates different FAME chain lengths.
2.4. Effect of Nitrate Stress on FAME Yield
Comparing UV irradiated samples and bead beaten samples from a culture containing nitrate
(Figure 5) with a nitrate stressed culture (a common method used to increase lipid yield) (Figure 4),
FAME yield was considerably higher in the nitrate stressed system (Figure 4), UV irradiated samples
having higher yields. The major difference between the FAME yield was an increase in C8 and
particularly C10 chain lengths. Interestingly this difference is not the same in the nitrate rich system
(Figure 5), though as the FAME levels detected in were low, it is difficult to draw any firm conclusions
other than that both UV irradiation and bead beating have a similar lipid extraction efficiency when
intracellular lipid content is low. Typically FAME produced from algae is high in the C16 and C18
chains, which are the most suitable chain lengths for biodiesel [20]. The FAME profiles of UV irradiated
algal cells generally follow this trend where the majority FAME peaks are C16 and C18 (as shown in
Figure 6 and unreported data).

Figure 5. Comparison of biodiesel yield from disruption methods of nitrate rich C. reinhardtii culture.
Fatty acid methyl ester yields from both bead beating and ultraviolet light irradiation disruption is
shown. Yields represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2 for 300 s
(equivalent to 450 J/cm2 UVB). Irradiation and bead beating carried out as in Materials and Methods.
n = 1 for bead beading, n = 2 for UV irradiated samples. Error bars represent the range. The legend
indicates different FAME chain lengths.
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
Figure 6. Comparison of biodiesel yield from UV light exposedM. inermum. Fatty acid methyl ester
yields from both bead beating and ultraviolet light irradiation disruption is shown above. Yields are
scaled to represent transesterified lipids from 1 L of culture. UVB intensity at 1.5 W/cm2. 20 min over
30 min represents 40 s of irradiation per min for 30 min. Irradiation, bead beating, and control carried
out as in Materials and Methods. Error bars represent the range. n = 2. The legend indicates different
FAME chain lengths.
2.5. Ultraviolet Light Irradiation of M. inermum
Following the irradiation of stationary phase C. reinhardtii, it became apparent that whilst it is
a useful species for study due to its growth characteristics and lipid yields, its electrostatically linked
glycoprotein cell wall is not as robust as other species of algae [18]. In particular, species such as
Chlorella possess a thick covalently linked cell wall that often has to be freeze-thawed several times
to lyse [18]. M. inermum is another species which is similar to Chlorella and has a thick cell wall [19].
Previous figures (1, 2 and 3) demonstrate that ultraviolet light is capable of disrupting both C. reinhardtii
and D. salina, however, both lack thick cell walls that are difficult to disrupt. ThereforeM. inermum
was exposed to ultraviolet light at various dosages to determine its efficacy for cell disruption and for
FAME yield following lipid extraction and transesterification.
Figure 6 shows that with increasing UV irradiance, FAME yield from M. inermum increases.
The duration of exposure required to maximise lipid extraction is much longer than seen with
C. reinhardtii. This is likely due to the increased cell wall thickness and covalent nature. Bead beating
was performed for 2 min cycles fifteen times as opposed to 1 min, to ensure the cells were
sufficiently disrupted.
Furthermore, Figure 6 indicates the irradiation duration required was much higher but ultimately
successful due to the mechanism by which UV light causes cell disruption, primarily through DNA
damage. The smaller, thick cell walledM. inermum cells were successfully disrupted using UV light,
given a high enough duration. The data presented in the cases of both C. reinhardtii andM. inermum
suggests UV radiation to be a more effective cell disruption method than bead beating for FAME yield.
Specifically, the FAME yields fromM. inermum indicated UV radiation (30 min) achieved a FAME yield
following transesterification of extracted lipid of 226 mg/L extracted algae compared to 208 mg/L
extracted algae for bead beating.
2.6. Ultraviolet Light Cell Disruption Energy Efficiency
In order to determine the efficacy of a cellular disruption technique, the energy cost must be
weighed against the disruption efficiency, especially for a biofuels application. The Bluewave DYMAX
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curer light source draws 75 W of power to function. Approximately 225 s of irradiation results in
90% cell lysis of a 3 mL aliquot of C. reinhardtii; this translates to an energy consumption of 5.6 MJ/L
algae or 8 KJ/mg algae. It should be noted this is for a UV irradiation path length of only 3 cm with
an approximate culture density of 0.7 mg/mL. Should a culture be concentrated through centrifugation,
it is probable that higher efficiencies could be achieved using appropriate intensity, duration and path
length. Eventually, a limit will be received where path length or culture density becomes too great
for UV to pass through the culture, and this needs to be determined in future to allow scale up of
the technique.
This is considerably lower energy (approximately 13 times) than other methods as shown by
McMillan et al. [21], such as microwave treatment, which achieved 94.92 ± 1.38% lysis with an energy
consumption of 74.6MJ/L algae (1.8× 108 cells/mL). It should be noted that the above ~95% disruption
efficiency was achieved with Nannochloropsis oculata, a smaller alga with a resistive cell wall. However,
the fact that UV irradiation does not need to mediate the cell wall to cause disruption suggests
disruption efficiencies will be similar across many species. Disruption efficiencies for D. salina and
C. reinhardtii are comparable in their stationary phase and support that theory. This energy efficiency
could further be improved upon through the use of reflective surfaces, more efficient bulbs or balancing
irradiance intensity against duration.
2.7. Limitations of the Study
This study aims to present the use of UV light as a proof of concept method for cell disruption of
algae to enhance lipid extraction. This novel method will need to scale in order to be industrially viable,
however, this study was not aimed at exploring scalability. To this end, additional data is required in
order to determine industrial relevance. Said data must detail the effect of UV light on cell disruption
as a function of increasing cell density with costs and efficacy compared. A methodology designed
with that in mind will further elucidate UV light’s industrial potential as an algal cell disruption
method for biodiesel production.
Additionally, as this study is focused on biodiesel production, chain length and degree of
saturation of fatty acids are an important measure of FAME quality. Due to the proof of concept
nature of the study these aspects have not been directly addressed, however, they are important factors
when determining scalability and industrial relevance of the novel method. While this study does
not directly focus on FAME quality, is it of note that the FAMEs obtained using UV disruption of
M. inermum do not have any notable difference in FAME quality (Figure 6). This is in contrast to
C. reinhardtii FAMEs (Figures 4 and 5), where there is a distinct increase in C8 and C10 esters, and in
the degree of unsauration. Therefore, at this stage it is difficult to conclude whether UV disruption
has an effect on FAME quality, but it is clear that additional studies need to explore the quality of
biodiesel produced.
2.8. Future Work
Following this work various other studies will further investigate the use of UV light as an algal
disruption method to enhance lipid extraction for biodiesel production. The initial experiments using
UV light disruption were performed on C. reinhardtii as it is a model species; in general, it does not
produce high lipid yields, however, for the purposes of determining if the technique was viable, it was
a suitable candidate.
This proof of concept study was focussed on the viability of UV light as a disruption method
rather than on maximising lipid yield using high cell density cultures (and therefore high lipid/FAME
content). In order to investigate UV disruption for higher FAME yields, higher cell density cultures
would be required which present different scalability challenges that are outside the scope of a proof
of concept approach.
Future research should be aimed at determining the effectiveness of UV disruption for lipid
extraction using high lipid producing algae with high cell densities. Such research would be more
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suitable in a study that is aimed at determining the scalability of the technique as well as optimising
the irradiation duration, concentration and efficacy over a wider range of algae.
Additional work will also include the use of concentrated solar radiation as the ultraviolet light
source for disruption of microalgal cells. Another study will explore the use of novel recyclable
magnetic nanoparticles that can extract the disrupted algae and lipids following UV light disruption.
3. Materials and Methods
3.1. Algae Strains and Cultivation
Chlamydomonas reinhardtii (wild type CCAP 11/32A),Dunaliella salina (wild type CCAP 19/30) and
Micractinium inermumwere grown in 250 mL conical flasks with TAP medium, Vonshak’s medium [22]
and Bold’s Basal Medium, respectively, at 25 ◦C under magnetic stirring and positioned approximately
10 cm from 36 W fluorescent tube light sources [22,23]. Micractinium inermum was isolated from
an environmental sample at the University of Sheffield [24].
Cells were grown up to approximately 0.7 mg/mL dry weight. These species were selected as
suitable organisms for UV irradiation studies as their broad background literature and contrasting cell
wall characteristics would give insight into the effectiveness of UV radiation to lyse cells regardless of
cell wall strength.
Cells were nitrate stressed, when required, by re-inoculating a late log phase culture in nitrogen
free TAPmedium, which was made by omitting ammonium chloride from the TAPmedium recipe [25].
3.2. Ultraviolet Light Irradiation of Algae
Various 3 mL samples of C. reinhardtii (24 samples), D. salina (15 samples) and M. inermum
(8 samples) in a quartz cuvette were exposed to a series of irradiation periods ranging from 15 s to
300 s (5–30 min forM. inermum) with 9 W/cm2 UVA (320–395 nm) and 1.5 W/cm2 UVB (280–320 nm)
at a path length of 3 cm using a BlueWave 75 UV Curing Spot Lamp. The area of irradiation was
approximately 1 cm2. Following this, the samples were left for 24 h in the dark. A cell count
distinguishing between viable and non-viable cells was then undertaken using trypan blue as detailed
below by means of an Olympus BX50 microscope (50× objective) and a Neubauer haemocytometer as
described by Wu et al. [26]. Briefly, 5 µL trypan blue stained samples (1:1 ratio) of control (unirradiated
cells) and UV irradiated samples were loaded into the haemocytometer. Cells were observed for
morphological changes by counting live and dead cells in 16 small squares within each of the 4 large
squares and averaging the live and dead cells before comparing the total live to dead ratio to calculate
the percentage viability, with each experiment repeated in triplicate. Disruption efficiency was then
calculated for each irradiation duration (number of viable cells as a percentage of total cell count).
Trypan blue vitality stain was used to stainC. reinhardtii cells but could not be usedwithD. salina as
the stain had poor miscibility in the saline media. However distinct morphological changes in D. salina
following irradiation meant determining cell viability was possible without a stain. Additionally,
Lugol’s solution was applied to D. salina to inhibit their motility during counting [27].
3.3. Lipid Extraction
As described above, samples of C. reinhardtii (4 samples) and M. inermum (8 samples) were
irradiated with UV. An additional control (2 samples ofM. inermumwhere only a solvent extraction was
performed with no method of cellular disruption) and bead beaten samples (3 samples of C. reinhardtii,
2 samples of M. inermum) were prepared. Samples were then centrifuged (8500 rpm) and pellets
retained in Eppendorfs with a 1.2 mL methanol:chloroform mixture (1:2). Supernatants were also
collected to determine free lipid content.
UV exposure and control samples were kept on ice and bead beating samples were bead beaten
using a cell disruptor (Genie, VWR, U.K.) for 15 cycles (1 min disruption followed by 1 min in ice,
or 2 min cycles in the case of M. inermum) [28]. 400 µL chloroform and 400 µL ultrapure water
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were added to each sample before centrifuging (8500 rpm). Bottom organic phases were retained
in Eppendorfs. Samples were then evaporated to dryness with nitrogen gas and reconstituted with
250 µL of methanol:chloroform mixture (1:1).
3.4. Transesterification
Following this, samples were transferred to glass vials and 100 µL 10% BF3/methanol added
before incubation at 80 ◦C for 90 min (14 samples of C. reinhardtii and 24 samples of M. inermum,
inclusive of collected supernatant samples). Samples were cooled for 10 min before addition of 300 µL
ultrapure water and 600 µL hexane, then vortexed for one min. The aqueous top layers were discarded
before evaporating the remaining organic phase to dryness under inert nitrogen gas using six port
mini-vap evaporator (Sigma-Aldrich, Dorset, UK) [29,30]. Samples were reconstituted in 100 µL hexane
and submitted for gas chromatography flame ionisation detection (GC-FID) (Thermo Finnigan TRACE
1300 GC-FID System, Thermo Scientific, Hertfordshire, UK) coupled with a TRACE™ TR-FAME GC
column (25 m × 0.32 mm ID × 0.25 µm film, Thermo Scientific, Hertfordshire, UK). The experiment
was repeated in duplicate.
4. Conclusions
Compared to a traditional cell disruption method such as bead beating, UV disruption was more
efficient. Approximately 225 s of irradiation (equivalent to 335.7 J/cm2 UVB) resulted in 90% cell
lysis of a 3 mL aliquot of C. reinhardtii, translating to an energy consumption of 5.6 MJ/L algae (UVB
intensity at 1.5 W/cm2). Furthermore, GC-FID data indicated UVB radiation was more effective than
bead beating for FAME yield, bead beating yielding 45.3 mg/L culture and UV irradiation yielding
79.9 mg/L culture. UV irradiation also achieved a higher FAME yield than bead beating for the thick
covalently bonded cell walled speciesM. inermum, achieving a FAME yield following transesterification
of extracted lipid of 226 mg/L culture compared to 208 mg/L culture for bead beating. This indicates
that UV irradiation is a viable method for cell disruption to enhance lipid extraction and should be
further pursued. This technology is especially promising due to its scalability because UV sterilisation
for water treatment is well-established commercially.
Author Contributions: T.S. and J.-A.M.-T. contributed to the data acquisition. T.S., P.F., R.V.K., S.V. and
J.P. contributed to the design and drafting of the article. All authors give their final approval of the
submitted manuscript.
Funding: This work was supported through the Project Sunshine Centre for Doctoral Training which is jointly
funded by a gift from the Inge Sugden Will Trust and investment from the University of Sheffield.
Conflicts of Interest: The authors declare no conflict of interest.
References
1. de Boer, K.; Moheimani, N.R.; Borowitzka, M.A.; Bahri, P.A. Extraction and conversion pathways for
microalgae to biodiesel: A review focused on energy consumption. J. Appl. Phycol. 2012, 24, 1681–1698.
[CrossRef]
2. Shimako, A.H.; Tiruta-Barna, L.; Pigné, Y.; Benetto, E.; Navarrete-Gutiérrez, T.; Guiraud, P.; Ahmadi, A.
Environmental assessment of bioenergy production from microalgae based systems. J. Clean. Prod.
2016, 139, 51–60. [CrossRef]
3. Slade, R.; Bauen, A. Micro-algae cultivation for biofuels: Cost, energy balance, environmental impacts and
future prospects. Biomass Bioenergy 2013, 53, 29–38. [CrossRef]
4. Show, K.Y.; Lee, D.J.; Tay, J.H.; Lee, T.M.; Chang, J.S. Microalgal drying and cell disruption-Recent advances.
Bioresour. Technol. 2015, 184, 258–266. [CrossRef] [PubMed]
5. Lee, A.K.; Lewis, D.M.; Ashman, P.J. Disruption of microalgal cells for the extraction of lipids for biofuels:
Processes and specific energy requirements. Biomass Bioenergy 2012, 46, 89–101. [CrossRef]
6. Kapoore, R.V.; Butler, T.; Pandhal, J.; Vaidyanathan, S. Microwave-Assisted Extraction for Microalgae:
From Biofuels to Biorefinery. Biology 2018, 7, 18. [CrossRef] [PubMed]
Metabolites 2018, 8, 65 12 of 13
7. Huang, Y.; Qin, S.; Zhang, D.; Li, L.; Mu, Y. Evaluation of Cell Disruption of Chlorella Vulgaris by
Pressure-Assisted Ozonation and Ultrasonication. Energies 2016, 9, 173. [CrossRef]
8. Lee, J.Y.; Yoo, C.; Jun, S.Y.; Ahn, C.Y.; Oh, H.M. Comparison of several methods for effective lipid extraction
from microalgae. Bioresour. Technol. 2010, 101, S75–S77. [CrossRef] [PubMed]
9. Karentz, D. Ecological considerations of Antarctic ozone depletion. Antarct. Sci. 1991, 3, 3–11. [CrossRef]
10. Kuluncsics, Z.; Perdiz, D.; Brulay, E.; Muel, B.; Sage, E. Wavelength dependence of ultraviolet-induced DNA
damage distribution: Involvement of direct or indirect mechanisms and possible artefacts. J. Photochem.
Photobiol. B Biol. 1999, 49, 71–80. [CrossRef]
11. Rastogi, R.P.; Kumar, A.; Tyagi, M.B.; Sinha, R.P. Molecular Mechanisms of Ultraviolet Radiation-Induced
DNA Damage and Repair. J. Nucleic Acids 2010, 2010, 592980. [CrossRef] [PubMed]
12. Moharikar, S.; D’Souza, J.S.; Kulkarni, A.B.; Rao, B.J. Apoptotic-like cell death pathway is induced
in unicellular chlorophyte Chlamydomonas reinhardtii (chlorophyceae) cells following uv irradiation:
Detection and functional analyses. J. Phycol. 2006, 42, 423–433. [CrossRef]
13. Fink, S.L.; Cookson, B.T. Apoptosis, pyroptosis, and necrosis: Mechanistic description of dead and dying
eukaryotic cells. Infect. Immun. 2005, 73, 1907–1916. [CrossRef] [PubMed]
14. Segovia, M.; Haramaty, L.; Berges, J.A.; Falkowski, P.G. Cell death in the unicellular chlorophyte Dunaliella
tertiolecta: A hypothesis on the evolution of apoptosis in higher plants and metazoans. Plant Physiol.
2003, 132, 99–105. [CrossRef] [PubMed]
15. Wozniak, B.; Dera, J. Light Absorption in Sea Water; Springer: New York, NY, USA, 2007.
16. Water Technology. Catskill–Delaware Ultraviolet Water Treatment Facility, New York, 2015. Available
online: http://www.water-technology.net/projects/-catskill-delaware-ultraviolet-water-treatment-facility/
(accessed on 29 May 2017).
17. Gleick, P.H. The World’s Water. Volume 7: The Biennial Report on Freshwater Resources; Island Press:
Washington, DC, USA, 2011.
18. Loewus, F.A.; Runeckles, V.C. The Structure, Biosynthesis, and Degradation of Wood, Boston, MA; Springer:
New York, NY, USA, 1977.
19. Hoshina, R.; Fujiwara, Y. Molecular characterization of Chlorella cultures of the National Institute for
Environmental Studies culture collection with description of Micractinium inermum sp. nov., Didymogenes
sphaerica sp. nov., and Didymogenes soliella sp. nov. (Chlorellaceae, Tr.). Phycol. Res. 2013, 61, 124–132.
20. Selvarajan, R.; Felföldi, T.; Tauber, T.; Sanniyasi, E.; Sibanda, T.; Tekere, M. Screening and Evaluation of
Some Green Algal Strains (Chlorophyceae) Isolated from Freshwater and Soda Lakes for Biofuel Production.
Energies 2015, 8, 7502–7521. [CrossRef]
21. McMillan, J.R.; Watson, I.A.; Ali, M.; Jaafar, W. Evaluation and comparison of algal cell disruption methods:
Microwave, waterbath, blender, ultrasonic and laser treatment. Appl. Energy 2013, 103, 128–134. [CrossRef]
22. Vonshak, A. Laboratory Techniques for the cultivation of microalgae. In Handbook of Microalgal Mass Culture;
Richmond, A., Ed.; Taylor & Francis: London, UK, 1986; p. 30.
23. Gorman, D.S.; Levine, R.P. Cytochrome f and plastocyanin: Their sequence in the photosynthetic electron
transport chain of Chlamydomonas reinhardi. Proc. Natl. Acad. Sci. USA 1965, 54, 1665–1669. [CrossRef]
[PubMed]
24. Smith, R.T.; Bangert, K.; Wilkinson, S.J.; Gilmour, D.J. Synergistic carbon metabolism in a fast growing
mixotrophic freshwater microalgal species Micractinium inermum. Biomass Bioenergy 2015, 82, 73–86.
[CrossRef]
25. Boyle, N.R.; Page, M.D.; Liu, B.; Blaby, I.K.; Casero, D.; Kropat, J.; Cokus, S.J.; Hong-hemersdorf, A.; Shaw, J.;
Karpowicz, S.J.; et al. Three acyltransferases and nitrogen-responsive regulator are implicated in nitrogen
starvation-induced triacylglycerol accumulation in Chlamydomonas. J. Biol. Chem. 2012, 287, 15811–15825.
[CrossRef] [PubMed]
26. Wu, Z.; Shen, H.; Ondruschka, B.; Zhang, Y.; Wang, W.; Bremner, D.H. Removal of blue-green algae using the
hybrid method of hydrodynamic cavitation and ozonation. J. Hazard. Mater. 2012, 235, 152–158. [CrossRef]
[PubMed]
27. Preetha, K.; John, L.; Subin, C.S.; Vijayan, K.K. Phenotypic and genetic characterization of Dunaliella
(Chlorophyta) from Indian salinas and their diversity. Aquat. Biosyst. 2012, 8, 27. [CrossRef] [PubMed]
Metabolites 2018, 8, 65 13 of 13
28. Hounslow, E.; Kapoore, R.V.; Vaidyanathan, S.; Gilmour, D.J.; Wright, P.C. The Search for a Lipid Trigger:
The Effect of Salt Stress on the Lipid Profile of the Model Microalgal Species Chlamydomonas reinhardtii for
Biofuels Production. Curr. Biotechnol. 2016, 5, 305–313. [CrossRef] [PubMed]
29. Kapoore, R.V. Mass Spectrometry Based Hyphenated Techniques for Microalgal and Mammalian
Metabolomics. Ph.D. Thesis, University of Sheffield, Sheffield, UK, August 2014.
30. Pandhal, J.; Choon, W.; Kapoore, R.; Russo, D.; Hanotu, J.; Wilson, I.; Desai, P.; Bailey, M.; Zimmerman, W.J.;
Ferguson, A.S. Harvesting Environmental Microalgal Blooms for Remediation and Resource Recovery:
A Laboratory Scale Investigation with Economic and Microbial Community Impact Assessment. Biology
2017, 7, 4. [CrossRef] [PubMed]
© 2018 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).
